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INTRODUCTION: Photoenzymes are rare bio-
catalysts drivenby absorption of a photon at each
catalytic cycle; they inspire development of arti-
ficial photoenzymes with valuable activities.
Fatty acid photodecarboxylase (FAP) is a natural
photoenzyme that has potential applications
in the bio-based production of hydrocarbons,
yet itsmechanism is far from fully understood.

RATIONALE: To elucidate the mechanism of
FAP, we studied the wild-type (WT) enzyme
from Chlorella variabilis (CvFAP) and variants
with altered active-site residues using awealth
of techniques, including static and time-resolved
crystallography and spectroscopy, as well as
biochemical and computational approaches.

RESULTS: A 1.8-Å-resolution CvFAP x-ray crys-
tal structure revealed a dense hydrogen-bonding
network positioning the fatty acid carboxyl
group in the vicinity of the flavin adenine di-
nucleotide (FAD) cofactor. Structures solved
from free electron laser and low-dose synchro-
tron x-ray crystal data further highlighted an

unusual bent shape of the oxidized flavin
chromophore, and showed that the bending
angle (14°) did not change upon photon ab-
sorption (step 1) or throughout the photocycle.
Calculations showed that bending substan-
tially affected the energy levels of the flavin.
Structural and spectroscopic analysis of WT
and mutant proteins targeting two conserved
active-site residues, R451 and C432, demon-
strated that both residues were crucial for
proper positioning of the substrate and water
molecules and for oxidation of the fatty acid
carboxylate by 1FAD* (~300 ps in WT FAP) to
form FAD●– (step 2). Time-resolved infrared
spectroscopy demonstrated that decarboxylation
occuredquasi-instantaneouslyupon this forward
electron transfer, consistent with barrierless
bond cleavage predicted by quantum chemis-
try calculations and with snapshots obtained
by time-resolved crystallography. Transient ab-
sorption spectroscopy in H2O and D2O buffers
indicated that back electron transfer from
FAD●– was coupled to and limited by transfer
of an exchangeable proton or hydrogen atom

(step 3). Unexpectedly, concomitant with FAD●–

reoxidation (to a red-shifted form FADRS) in
100 ns, most of the CO2 product was con-
verted, most likely into bicarbonate (as in-
ferred from FTIR spectra of the cryotrapped
FADRS intermediate). Calculations indicated
that this catalytic transformation involved
an active-sitewatermolecule. Cryo-Fourier trans-
form infrared spectroscopy studies suggested
that bicarbonate formation (step 4) was pre-
ceded by deprotonation of an arginine residue
(step 3). At room temperature, the remaining
CO2 left the protein in 1.5 µs (step 4′). The ob-
servation of residual electron density close
to C432 in electron density maps derived
from time-resolved and cryocrystallography
data suggests that this residuemay play a role
in stabilizing CO2 and/or bicarbonate. Three
routes for alkane formation were identified
by quantum chemistry calculations; the one
shown in the figure is favored by the ensemble
of experimental data.

CONCLUSION: We provide a detailed and com-
prehensive characterization of light-driven hy-
drocarbon formation by FAP, which uses a
remarkably complex mechanism including
unique catalytic steps. We anticipate that
our results will help to expand the green
chemistry toolkit.▪
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Elucidation of the FAP photocycle by combining spectroscopic, biochemical, crystallographic, and computational studies.
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Fatty acid photodecarboxylase (FAP) is a photoenzyme with potential green chemistry applications.
By combining static, time-resolved, and cryotrapping spectroscopy and crystallography as well as
computation, we characterized Chlorella variabilis FAP reaction intermediates on time scales from
subpicoseconds to milliseconds. High-resolution crystal structures from synchrotron and free electron
laser x-ray sources highlighted an unusual bent shape of the oxidized flavin chromophore. We
demonstrate that decarboxylation occurs directly upon reduction of the excited flavin by the fatty
acid substrate. Along with flavin reoxidation by the alkyl radical intermediate, a major fraction of the
cleaved carbon dioxide unexpectedly transformed in 100 nanoseconds, most likely into bicarbonate.
This reaction is orders of magnitude faster than in solution. Two strictly conserved residues, R451 and
C432, are essential for substrate stabilization and functional charge transfer.

B
y far most enzymatic reactions in living
cells are thermally activated, whereas
reactions driven by light are much less
common (1). Apart from photosynthetic
reaction centers, three natural photo-

enzymes have been identified to date: DNA
photolyases, which are involved in the repair
ofUV-damagedDNA (2); light-dependent proto-
chlorophyllide oxidoreductase (LPOR), which
is required for the maturation of chlorophyll
(3); and the recently discovered fatty acid photo-
decarboxylase (FAP, EC 4.1.1.106), which con-
verts fatty acids to hydrocarbons and CO2 (4).
Photoenzymes require a photon for each

turnover of a substrate molecule and offer the
possibility to trigger and monitor catalytic
steps and associated structural changes on
very short time scales that are generally not
accessible for thermally activated enzymes
(5). Thus, over the past 20 years, the photo-
chemical mechanism has been studied in de-
tail for DNA photolyases (6–8) and has started
to be identified for LPOR (9–13). Because of its
readily available substrate, FAP may become a
model of choice to understand catalytic steps
that occur in enzymology.

Light-driven enzymes are also interesting
for practical applications. Increasing our under-
standing and the repertoire of photoenzymatic
mechanismsmay help in the design of catalysts
performing new reactions (14, 15) or in the
development of new light-controlled proteins
for optogenetics (16). FAP has potential bio-
technological applications in green chemistry
because hydrocarbons are important as cos-
metics emollients, chemical synthons, solvents,
and fuels (17–19). FAP complements routes pre-
viously identified for bio-based synthesis of
hydrocarbons (20) by providing a one-step
light-driven pathway from fatty acids. Rational
design approaches have recently allowed im-
provement of the efficiency of FAP on high-
value functionalized carboxylic acids (21) and
on short-chain fatty acids to produce liquefied
petroleum gas (20). Understanding the reac-
tion mechanism of FAP in detail is thus of
utmost importance, both from a fundamen-
tal research and an application point of view.
FAP is an algae-specific enzyme from the

glucose-methanol-choline (GMC) oxidoreductase
family harboring a flavin adenine dinucleotide
(FAD) cofactor. It allows the decarboxylation

of C16-C18 free (nonesterified) fatty acids to
the corresponding n-alka(e)nes (4). These hy-
drocarbon products are mostly located in
chloroplast thylakoids, but their exact role
is still unknown (22, 23). The initial spectro-
scopic characterization of FAP, which was
based on monitoring the electronic state of
the flavin after excitation by a laser flash, led
to the first model of the FAP photocycle (4).
The cycle starts with the quenching of the
singlet excited state by forward electron trans-
fer (fET) frombound fatty acidR-CO2

− in ~300ps
(with a quantum yield >80%), forming a flavin
anion radical FAD●– and a fatty acid radical
R-CO2

●. The latter decarboxylates, yielding an
alkyl radical R● and CO2. FAD

●– is reoxidized
in ~100 ns by back electron transfer (bET),
which ultimately provides the electron for
the reduction of R● to the alkane RH. FAD●–

reoxidation results in a transiently red-shifted
flavin state FADRS that reverts to the initial
state in 4 ms.
Despite this insight, several open questions

remained, including: Which structural features
of the FAP active site promote substrate stab-
ilization and favor the fET? Is decarboxylation
instantaneous upon this fET step or is it slowed
by an activation barrier? Does conversion of R●

to the alkane RH occur by bET from FAD●–

coupled to a proton transfer (PT/PCET) or by
hydrogen atom transfer (HAT) from a nearby
amino acid (4, 24)? What is the origin of the
proton or the hydrogen atom? Here, we report
a high-resolution structure of FAP and char-
acterize key steps along the FAP photocycle
using a wealth of static and time-resolved
crystallographic and spectroscopic techniques,
as well as computational approaches. Our de-
tailed characterization of FAP reveals un-
foreseen mechanistic complexity.

High-resolution structure of CvFAP

Crystals of FAP from C. variabilis NC64A
(CvFAP), diffracting x-rays to high resolution
and without the twinning fault reported ear-
lier (4), were obtained upon removal of the
N-terminal helix involved in crystal packing
(residues 61 to 76) in native CvFAP. The re-
sulting structure, solved at 1.8-Å resolution
(table S1), now provides a detailed view of the
active-site architecture (Fig. 1, A to D, and fig.
S1). Although no substrate was added during
protein purification and crystallization, two C18
fatty acids copurified with FAP were clearly
identified, one in the active site and the other
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on the surface of the protein. The latter is
stabilized by hydrophobic interactions with
nonpolar side chains (L427, Y419, I126, I416,
and L420), as well as the aliphatic parts of
R132 and R122. In the active site, the carboxyl
group of the fatty acid is stabilized by hydro-
gen bonds with water molecules (Wat1 and
Wat2) and the side chains of R451 and N575
(Fig. 1D). The fatty acid substrate is also stab-
ilized on the dimethylbenzene side of FAD, in
contrast to other GMC oxidoreductase en-
zymes, which have their substrate stabilized
near the N5 atom of FAD (fig. S2).

Conformation of oxidized FAD in CvFAP

In the high-resolution dark-state structure of
FAP obtained from synchrotron data “100 K
dark,” the isoalloxazine ring of the FAD co-
factor was found to be bent, with the dihedral
angle C4-N5-N10-C9 (butterfly bending angle)
deviating by 17.4° from planarity (Fig. 1E and
fig. S2A). Such bending is usually interpreted
as being caused by x-ray photoreduction con-

verting supposedly planar oxidized flavin to
the bent reduced form (8, 25, 26). For FAP, how-
ever, in crystallo ultraviolet-visible (UV-Vis)
absorption microspectrophotometry (fig. S3),
low-dose crystallography, (fig. S4A and table
S1), Raman microspectrophotometry (fig. S4,
B and C), andmolecular dynamics simulations
(fig. S5, A and B) using a recent flavin force
field (27) indicated that the FAD cofactor is
bent in its oxidized form (supplementary
text S1). To obtain a definite answer concern-
ing the conformation of the oxidized FAD in
FAP, we performed room temperature (RT)
serial femtosecond crystallography (SFX) at
an x-ray free-electron laser (XFEL; see below
for details), which allows collecting essentially
radiation damage-free diffraction data (28, 29).
This SFX dark-state structure of FAP (“SFX
dark”), solved at 2.0-Å resolution (table S2),
features a FAD with a similar bending angle
(14.3°) as observed in the synchrotron 100 K
dark and the “RT dark low-dose” structures
(Fig. 1E and figs. S4, S6, and S7), supporting

the notion that in FAP, the FAD cofactor is in a
bent conformation in the oxidized state. To our
knowledge, a butterfly bent conformation of the
oxidized flavin has not been firmly established
for anyother flavoprotein. In fact, bent conforma-
tions were either not discussed in the literature
orwere attributed to x-ray–induced flavin reduc-
tion. Future radiation-damage-free structures
of oxidized flavoproteins should reveal whether
the bending is a feature specific to FAP.

New insights into the CvFAP photocycle by
time-resolved spectroscopy

Our previous single-shot fluorescence and tran-
sient absorption experiments in the presence
of substrate, with 100 ps and 10 ns temporal
resolution, respectively, showed a decay of the
singlet excited flavin (1FAD*) in ~300 ps and
formation of FAD●– within 10 ns (4). Here, we
extended the fluorescence and visible absorp-
tion experiments to the ultrafast time scalewith
100-fs-resolution pump-probe spectroscopy
(Fig. 2, A and B, and fig. S8A), showing that
no faster 1FAD* decay phases occurred [only
an~2-ps thermal relaxation phasewas observed
in the fluorescence as in other flavoproteins
(30)] and that, as predicted (4), FAD●– is formed
concomitantly with 1FAD* decay (fig. S8B).
We investigated whether the carboxylate

of the fatty acid is cleaved off concomitantly
with electron transfer from the fatty acid to
1FAD* (~300 ps), after this oxidation, or ac-
companying the bET from flavin (~100 ns).
Light-induced Fourier transform infrared
(FTIR) difference spectroscopy performed
at 298 K showed a CO2 band at 2342 cm–1 (Fig.
2C), corresponding to CO2 in solution (31). The
kinetics of CO2 formation in FAP were mo-
nitored by picosecond to microsecond time-
resolved infrared spectroscopy (TR-IR) in a
frequency range centered around 2350 cm–1

and arbitrary detuning asynchronous optical
sampling (ADASOPS) (32, 33). This experi-
ment showed the appearance of a CO2 ab-
sorption band centered at 2337.5 cm–1 with a
time constant of ~270 ps (Fig. 2, C to E, and
fig. S9). We conclude that decarboxylation is
rate-limited by electron transfer from substrate
to 1FAD*, occurring in ~300 ps. The initial
CO2 band frequency is ~5 cm–1 down-shifted
with respect to that of 12CO2 in aqueous so-
lution, a finding that we assign to the protein
environment. Subsequently, the CO2 signal
diminishes about fourfold with a time con-
stant of 100 ns without changing much in
shape, followed by an upshift toward 2342 cm–1,
a process fitted with a time constant of ~1.5 ms.
The latter process likely reflects migration of
CO2 toward the solvent. The data indicate that
the 100-ns process implies transformation of
~75% of the initially formed CO2 within the
protein into another molecule, possibly bi-
carbonate, concomitant with flavin reoxida-
tion to the red-shifted form FADRS (see next
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Fig. 1. High-resolution crystal structures of CvFAP. (A) Structure of CvFAP determined from synchrotron
data at 100 K (100 K dark), including the FAD cofactor and two C18 fatty acid substrates (FA1 and FA2).
(B) Binding of the two substrate molecules. The “omit” electron density map (5.0 s contour level) is shown
as a green mesh, and amino acid side chains in a radius of 4 Å around the binding site are shown as
sticks (green: active site, blue: secondary binding site, purple: between sites). (C) Position of the peripheral
substrate (FA2) partly obstructing the channel leading to the active site tunnel. (D) Close-up view of the
catalytic site showing the water molecules Wat1 and Wat2 and the interactions with FAD (yellow sticks) and
the substrate in the active site FA1 (green sticks). Distances are indicated in angstroms. The shortest
distance between the substrate and the FAD cofactor (carboxylate O1-isoalloxazine C6) is 3.1 Å. The tail of
the peripheral substrate points toward the entrance of a tunnel leading to the active site that is lined by A128,
T131, I404, and F469. (E) Superposition of the FAD isoalloxazine rings from the SFX dark structure (blue;
molecule A) and the synchrotron structures (pink: RT dark low-dose; yellow: 100 K dark). The SFX Fobs – Fcalc
omit map at 3 s (green) is overlaid, and the FAD bending angles are indicated.
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section on the red-shifted intermediate). This
process was not foreseen in our previously
proposed reaction scheme (4). Whereas our
present data covering six orders of magnitude
in time can be reasonably well described with

these three exponential processes and a con-
stant phase (Fig. 2E), it is possible that an ad-
ditional phase of CO2 release into the solvent
occurs on a time scale exceeding 50 ms, the
temporal window of our present experiments.

To determine whether any of the reaction
steps are coupled to or directly reflect PT or
HAT, we compared the kinetics of all steps
observable by continuous-probe time-resolved
fluorescence or transient absorption spectros-
copy in H2O and D2O buffers. The biphasic
fluorescence signal showing the decay of 1FAD*
[caused by quenching by ET from the sub-
strate (300 ps phase; >80%) and by the
intersystem-crossing to a nonreactive triplet
state (~6.5 ns phase; <20%)] was not visibly
affected by the isotope exchange (Fig. 3A), as
expected for reactions that are not substan-
tially coupled to movements of exchange-
able hydrogen species [e.g., back-ET from QA

–

to P680+ in photosystem II (34)]. By contrast,
the kinetics of FAD●– reoxidation to FADRS

observed by transient absorption spectroscopy
at three characteristic wavelengths slowed
down by a factor of ~2, from ~100 ns in H2O
to ~200 ns in D2O (Fig. 3B), suggesting that
this bET step is coupled to and limited by
transfer of an exchangeable proton or hydro-
gen atom. Change of buffer pH in the interval
between 7.5 and 9.1 had no effect on the
kinetics of this step (fig. S10A), indicating that
the proton or hydrogen atom donor involved
in the reaction has a pKa value >9.1 (where Ka

is the acid dissociation constant). The signifi-
cantly lower kinetic isotope effect (KIE) of 1.2
reported by Heyes et al. (24) might be due to
insufficient time-resolution of their experi-
ment (see supplementary text S4).
The last step observable by transient absorp-

tion spectroscopy was the disappearance of
the transient red shift of reoxidized FAD oc-
curring in a few milliseconds. This process
was previously (4) assigned to reprotonation
of X−, the conjugate base of XH, an uniden-
tified proton donor to the alkyl radical. Ki-
netics of this process also slowed down from
~3 to ~10 ms when H2O in the buffer was re-
placed by D2O (Fig. 3C). Consistent with this
observation and the recent report of a pH in-
crease (in an unbuffered solution) associated
with this step (24), this process apparently re-
flects a proton transfer from bulk solvent.
Again, change of buffer pH in the interval be-
tween 7.5 and 9.1 had no effect on the kinetics
of this step (fig. S10B), nor did the consump-
tion of the native substrate (fig. S10C). Time-
resolved spectroscopic findings are summarized
in fig. S11.

Photodecarboxylation and characterization
of the red-shifted intermediate at
cryogenic temperatures

Our time-resolved spectroscopic results pre-
dicted that a fraction of the CO2 product is
present in the active site in the red-shifted
photoproduct intermediate. For a detailed char-
acterization by static methods, we tried to
stabilize this intermediate using cryotrapping.
UV-Vis absorption spectra of CvFAP crystals
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Fig. 2. Time-resolved infrared and UV-Vis spectroscopies of CvFAP. (A) Fluorescence kinetics reflecting
1FAD* decay. The solid line is a fit with time constants of 300 ps (85%) and 5 ns [the latter time constant
was imposed according to (4)]. The inset shows an additional ~2 ps wavelength-dependent phase reflecting
red shifting of the fluorescence spectrum caused by excited-state relaxation. (B) Transient visible absorption
spectra at different delay times in the same time domain. The negative absorption features reflect bleaching of the
FADOX resting state (<525 nm, the black dashed line is the ground state absorption spectrum) and stimulated
emission (550 to 650 nm). Full transient fluorescence spectra and global analysis of the transient absorption
spectra are shown in fig. S8. (C) Transient infrared spectra in the CO2 spectral region on the picosecond-
microsecond time scale. The vertical lines are guides for the eye and correspond to the maximum of released
CO2 in the protein and to the known maximum for CO2 in aqueous solution, 2342 cm–1 (31). The upper traces
correspond to independent steady-state 298 K light-induced FTIR difference spectra with 12C-palmitate and
1-13C-palmitate substrates (blue trace and red trace, respectively). (D) Kinetics at frequencies close to the initial
and final maxima of released CO2. The lines are the result of a global fit. The time scale is linear up to 1 ns and
logarithmic thereafter. (E) Decay-associated spectra (DAS) corresponding to a global fit of the data with three
exponential phases (time constants of the fit are indicated) and a constant phase.
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and solutions exposed to increasing amounts
of blue light at 100 K indeed revealed the
gradual conversion into a red-shifted form
similar to that previously observed at RT [(4)
and fig. S12]. These conditions were used to
further characterize the red-shifted interme-
diate using light-induced FTIR difference spec-
troscopy. To identify IR modes of the substrate
and products of the reaction, we replaced the
native substrate with 1-12C or 1-13C palmitate.
The identification of characteristic 13C-sensitive
IR bands of carboxylate in the FTIR difference
spectra at 1541 and 1391 cm–1 shows that the
substrate initially was in the deprotonated
form (Fig. 4A, i and ii; details supporting all
IR bands assignments mentioned below are
given in supplementary text S2). A peak at
2340 cm–1 (Fig. 4A, v) was assigned to for-
mation of CO2 from 1-12C-palmitate and at
2274 cm–1 from 1-13C-palmitate. When com-
paring FTIR spectra recorded with FAP sam-
ples containing 1-12C- and 1-13C-palmitate,
small bands were also observed at 1356 to
1335 cm–1 and 1312 cm–1 (Fig. 4A, iii), which is
indicative of the formation of trace amounts
of 12C and 13C bicarbonate, respectively. We
repeated the FTIR experiments at 150 K. At
this temperature, the CO2 band was small
(Fig. 4A, v), whereas large positive bands at
1646 (1614) and 1352 (1318) cm–1 were detected
that could be unambiguously assigned to IR
modes of 12C- (13C-) bicarbonate (Fig. 4A, iv).
The FTIR data thus demonstrate the buildup
of bicarbonate at 150 K and indicate that its
formation at 100 K is limited by an energy
barrier.
The structure derived from a CvFAP crystal

exposed to 470 nm light at 100 K (“100 K
light”) featured FAP trapped in a FADRS state,
as shown by in crystallo microspectrophoto-
metry (fig. S12). The difference electron den-
sity map between 100 K light and 100 K dark
displays strong and significant peaks only

around the substrate and FAD cofactor. These
peaks can be fitted with a CO2 molecule in
addition to the alkyl chain stabilized in the
active site (Fig. 4, B and C, and fig. S13, A to C).
The positive difference electron density along
the aliphatic tail of the substrate (from C13
to C15) and the 8° rotation of the side chain
of Y466 indicates a correlated motion consist-
ent with the strong electronic coupling ob-
served by quantum chemistry between the
substrate and Y466. To reflect the optimum
pH of FAP in solution [pH 8.5 (4)] and to
overcome thermal activation barriers, a FAP
crystal was soaked at pH 8.5 and illuminated
at 150 K (“150 K light”). After modeling alkane
and a CO2 molecule, the residual Fo ‒ Fc elec-
tron density map showed a positive density
with a triangular shape close to C432, which
we tentatively attributed to bicarbonate with
30% occupancy (Fig. 4D and fig. S14).

Time-resolved serial femtosecond
crystallography of CvFAP

We investigated the structural changes occur-
ring in FAP after photoexcitation at RT by a
time-resolved SFX (TR-SFX) experiment (35)
using a pump-probe scheme. Time-resolved
fluorescence spectroscopy on FAP microcrys-
tals established that the kinetics of fET are the
same as in solution (supplementary text S5
and fig. S15). For TR-SFX at the Linac Co-
herent Light Source (LCLS), FAPmicrocrystals
were photoexcited by picosecond 400-nmpump
pulses and probed by femtosecond XFEL pulses
after pump-probedelays of 20 ps, 900ps, 300ns,
and 2 ms to cover time scales on which FAD
reduction and FAD●– reoxidation occur. The
SFXdark state structurementioned abovewas
determined from the data in the absence of
a pump laser pulse. Structural changes after
photoexcitation were visualized as positive
and negative peaks in difference Fourier elec-
tron density maps calculated between the

light and dark datasets (Fobs
light_Dt – Fobs

dark;
Fig. 5A) at 2.2-Å resolution. The most promi-
nent difference electron density peaks at all
four time points were at the active site, with
the highest negative peak (–5.5 to –10.1 s,
depending on the time point) at the position
of the carboxyl group of the substrate, showing
that light-induced decarboxylation occurred
(Fig. 5A). At 900 ps, decarboxylation had oc-
curred to a considerable extent, consistent
with the 270-ps time constant determined by
multiscale time-resolved IR spectroscopy (Fig.
2, C to E). At 300 ns and 2 ms, a strong negative
peak was observed at Wat1 (–5.8, and –6.2 s,
respectively; Fig. 5A), but not on Wat2. We
note the absence of positive difference elec-
tron density peaks associated with the photo-
dissociated CO2 in the vicinity of the substrate
carboxyl group. A possible reason could be the
small initial displacement of cleaved CO2 rela-
tive to its position in the fatty acid, consistent
with the structure determined based on an
illuminated cryocooled crystal 100 K light (see
fig. S13C for comparison). It is conceivable that
the positive difference densities close to C432
in the 300-ns and 2-ms datasets (Fig. 5A) cor-
respond to the feature(s) observed in the data
obtained from cryocooled crystals illuminated
at 150 K (Figs. 5B and 4D), tentatively assigned
to a bicarbonate (fig. S14). In the SFX data,
attempts to fit unambiguously this positive
difference density with a bicarbonate, a CO2

molecule, or a mixture thereof remained un-
satisfactory. The absence of significant difference
electron density peaks at the FADat all four time
points suggests that the isoalloxazine ring does
not undergo significant light-induced conforma-
tional changes.

Quantum chemistry study of CvFAP

We performed quantum chemistry calcula-
tions for the decarboxylation reaction in the
active site of FAP, considering electronic
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Fig. 3. Effects of H2O-D2O exchange on time-resolved fluorescence and UV-Vis spectroscopy of CvFAP. (A) Normalized signals of time-resolved fluorescence of 1FAD*
at 560 nm in H2O and D2O buffers. (B) Effect of H2O-to-D2O exchange on the kinetics of FAD●– reoxidation to FADRS, followed by transient absorption spectroscopy at
selected wavelengths on a submicrosecond time scale. (C) Effect of H2O to D2O buffer exchange on the decay of FADRS measured at 515 nm on the millisecond time scale.
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Fig. 4. Characterization of the CvFAP red-shifted intermediate at cryogenic
temperatures. (A) Light-induced FTIR difference spectra recorded from FAP
solutions (i) and (ii) and corresponding 12C- minus - 13C difference spectra (iii) and
(iv). The 2360 to 2260 cm–1 and 2590 to 2490 cm–1 regions of the spectra in
(i) and (ii) are shown in (v) and (vi). For the spectrum in black, the FTIR spectrometer
was continuously purged with N2 to avoid contamination by gaseous CO2 that
might originate from a dry air purge. This was not the case for spectra recorded
from FAP samples with 1-13C-palmitate; these were cut off above 2300 cm–1 to avoid
bands from gaseous CO2. (vii) Overlay of the spectra recorded at 100 K from
FAP with 12C-palmitate in H2O (black) and in D2O (green). (viii) H2O – D2O difference
spectra calculated for 14N- and 15N-labeled FAP samples. (B) Experimental difference

density map (Flight – Fdark, 100 K data) contoured at ±4s around the active-site
substrate superimposed on the refined structures of the dark state (gray) and the
red-shifted form (cyan, with FAD in yellow and alkane and CO2 in green). The
cleavage of the C1–C2 bond is clearly visible. (C) Details of the active site of FAPRS
formed upon illumination (UV-Vis spectra in fig. S12). All distances shorter than
3.2 Å are labeled, except the fatty acid O1–FAD C6 distance, which increases from
3.1 Å in the dark to 3.6 Å upon illumination (in CO2). (D) Fo – Fc electron density
omit map (3.5 s) derived from crystals kept at 150 K and pH 8.5, showing
positive difference electron density next to C432, consistent with a bicarbonate. Its
potential interactions with the environment are shown in fig. S14. Uncleaved fatty
acid (~30% occupancy) is omitted for clarity.

Fig. 5. Time-dependent changes in the CvFAP active site followed by TR-
SFX. (A) Locally averaged q-weighted difference Fourier maps calculated
between the SFX light and dark datasets (Fobs

light_Dt – Fobs
dark; with Dt = 20 ps,

900 ps, 300 ns, 2 ms). The 2.2-Å resolution maps are shown at +4 s (green) and
–4 s (red). The SFX dark-state model of molecule B is overlaid, with FAD in
yellow, fatty acid in green, and the protein in gray. The q-weighted difference

maps for molecules A and B, i.e., without local averaging, are shown in fig. S31.
(B) Fobs – Fcalc electron density (contoured at 3.5 s) of Fig. 3E, shown in a
different orientation, which features unmodeled positive electron density next to
C432 that is reminiscent of a bicarbonate (Fig. 4D and fig. S14, see text), in a
location similar to where positive difference density is present in the time-
resolved maps at 300 ns and 2 ms.
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states relevant for flavin photoexcitation, elec-
tron transfer, decarboxylation, and alkane for-
mation, aswell as the effects of flavin bending
(see supplementary text S6). To perform the
reaction pathway calculations, a large active-
site model (consisting of 272 atoms; fig. S16)
was prepared using the coordinates of the
high-resolution crystal structure of the dark
state (Fig. 1D). Unexpectedly, computations in-
dicated multiple routes to form an alkane in
the FAP active site, as summarized in Fig. 6.
Common to all routes, photoexcitation trig-

gered charge transfer (CT) from the substrate
to the flavin. Interactions with two water mol-
ecules stabilized the anionic carboxylate sub-
strate (1) (Fig. 6A). Removing these water
molecules from the active site or rearranging
Wat1 to form a hydrogen bond with flavin sub-
stantially decreased the energy of the CT state,
i.e., of the flavin radical anion and the fatty
acid radical (table S6). After Wat1 rearrange-
ment, the CT energy was 15 kcal/mol lower
than the excited-flavin energy (table S6). Con-
comitantly, electronic coupling between the
flavin and substrate increased almost threefold,
reaching 47 meV (table S7), thus favoring the
transfer of an electron from the carboxylate.
The formed carboxylic radical underwent a
barrierless decarboxylation (fig. S17), affording
the alkyl radical (3). The energy of the alkyl
radical intermediate was 52 kcal/mol above
the dark state (1), which corresponds to >80%
of the photon energy (Fig. 6B). CO2 dissocia-
tion increased the distance separation in the
radical pair, and, accordingly, the electronic
coupling between the alkyl and flavin radicals
was only 7 meV (table S7).
From the alkyl radical (3), the alkane prod-

uct (6/6a) can be formed through several re-
action pathways (Fig. 6, pathways I to III). The
chemical changes characterizing pathways I
to III are summarized in Fig. 6C. HAT from a
nearby residue has been discussed previously
(4, 24). Our results indicate strong interactions
with the Y466 phenolic side chain (electronic
coupling 142 meV; table S7) that may facilitate
migration of the alkyl radical toward Y466 and
C432. TheHAT reaction fromC432 (Fig. 6, path-
way I) proceeded through an energy barrier
(9 kcal/mol; fig. S18) and led to a Cys-radical
state (4) with a 15 kcal/mol lower energy than
that of the alkyl radical intermediate (3). Re-
oxidation of the flavin by C432 (5) further re-
duced the energy by 3 kcal/mol (Fig. 6B). The

resulting thiolate anion was stabilized by a
hydrogen bond with positively charged R451;
however, proton transfer fromR451 to C432 in
(5) along the hydrogen bond yielding (5a) did
not further reduce the energy (table S5). There-
fore, it is likely that C432 reprotonation pro-
ceeds by a different mechanism (see below).
Alternatively to the HAT reaction involving

C432, a proton can be transferred from Wat2,
which stabilizes the alkyl radical (3). The shift
of the negative charge from the flavin to the
alkane by bET coupled to proton transfer from
Wat2 led to a transient formation of a hydrox-
yl anion which either interacted with CO2,
forming bicarbonate (6a) directly (Fig. 6, path-
way III), or deprotonated R451 (5b) (Fig. 6,
pathway II). The presence of CO2 and water
molecules in the active site, in particularWat1,
allows R451 reprotonation concomitant with
bicarbonate formation (6), even after the alkane
was formed, with a small activation energy
(4 kcal/mol; fig. S19). The bicarbonate product
derived fromWat1 (6) was 10 kcal/mol lower
than the bicarbonate originating from Wat2
(6a), rendering pathway II more energetically
favorable than pathway III (Fig. 6B). Energy
lowering by bicarbonate formation may also
further stabilize product (5) of the HAT reac-
tion (pathway I); in the first step, the thiolate
C432 obtains a proton from R451 and/or Wat1
and in the second step, bicarbonate is formed
from CO2 and OH‒ derived from Wat1 (6).
In view of the experimentally observed

red-shifted reoxidized flavin intermediate,
we compared the flavin excitation energy of
the species resulting from the bET reaction
and that of the initial dark state (Fig. 6B and
table S8). Our computations suggest that the
red shift can be explained by formation of
various species in which the initial negative
charge of the deprotonated carboxylate (1)
is either neutralized by formation of CO2

and deprotonated R451 (5) or shifted away
from the flavin by formation of the anionic
bicarbonate (6) and (6a) (fig. S20). Addi-
tionally, a red-shifted spectrum is caused by
hydrogen-bonding interactions of Wat1 with
flavin in (5a).
Consistent with the x-ray structures, all

active-site models contained the butterfly-
bending conformation of the flavin isoallox-
azine ring. Flavin bending persisted during
geometry optimization of the FAP active-site
models (Fig. 6A), in contrast to the essentially

planar optimized geometry of the oxidized
and semireduced forms obtained in compu-
tations of flavins (36). The significant bend-
ing angle in the optimized FAP active-site
structures is consistent with the notion that
interactions with the protein modulate flavin
bending (37). As previously discussed, this
bending biases the energy levels of the flavin,
favoring flavin reduction (36) and decreasing
the excitation energy (table S9), with possible
functional implications. In particular, bending
diminishes the vertical electron affinity even
more than the excited-flavin energy (fig. S21)
and thus preferentially reduces the CT-state
energy, which should facilitate fET. Thus,
flavin bending explains the strongly red-shifted
(20-nm) ground-state FAD absorption spec-
trum of FAP in the dark state compared with
free FADormost flavoproteins, allowing photo-
excitation and facile fET up to as far as 530 nm.
This is well into the so-called “green gap” (be-
tween 500 and 600 nm) in the absorption
spectra of chlorophylls that dominate the ab-
sorption of algae, thus enhancing the net light-
harvesting capacities of FAP.

Role of conserved amino acids in the
FAP active site

The active site of CvFAP contains three res-
idues (Y466, C432, and R451) that are strictly
conserved and specific to FAPs comparedwith
other GMC oxidoreductases (fig. S23). Y466
and C432 were previously considered as hy-
drogen atom donor to the alkyl radical R●

(followed by bET from FAD●– to the tyrosyl
or cysteinyl radical) or, alternatively, proton
donor in a proton-coupled back-ET fromFAD●–

to R● (4, 24). Our quantum chemical calcu-
lations additionally suggest R451 as a potential
proton donor. To identify the proton donor
experimentally, we performed FTIR; in partic-
ular, we analyzed possible contributions from
deprotonated forms of these three residues
in the cryotrapped red-shifted intermediate.
Light-induced FTIR difference spectra of
CvFAP recorded at 100 K showed only a shift
of a v(S-H) IR mode of cysteine, and no
changes in D2O compared with H2O that
could be assigned to tyrosine vibrations, which
does not support deprotonation of either of
the two residues under conditions in which
the flavin red shift was observed (Fig. 4A, vi,
and supplementary text S2). However, a strong
negative band was observed at 1606 cm–1 in
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Fig. 6. Plausible CvFAP photoreaction pathways according to quantum
chemistry calculations. (A) Structural changes accompanying decarboxylation
and alkane formation in the FAP active site. Flavin butterfly-bending angle
is 15° and 19° in the oxidized and semiquinone states, respectively. For clarity,
only a small part of the active-site model is shown. The complete model is
presented in fig. S16. (B) Energies of the reactants, intermediates, and products
indicated in (A). Common to all pathways is fET mediated by Wat1 rearrangement
(1) → (2) followed by CO2 cleavage (2) → (3). Alkane formation occurs either

through HAT (pathway I) or PCET (pathways II and III). Pathway I consist of alkane
formation through HAT from C432 (3) → (4), flavin reoxidation by the C432
radical (4) → (5), and C432 reprotonation and bicarbonate formation (5) → (6).
Pathway II involves alkane formation through bET coupled to PT from Wat2
and subsequent R451 deprotonation (3) → (5b). Bicarbonate formation from
CO2 and Wat1 recovers protonated R451 (5b)→ (6). In pathway III, bET is coupled
to Wat2 deprotonation and formation of bicarbonate (3) → (6a). (C) Chemical
scheme detailing intermediate states of fET and pathways I to III.
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FTIR difference spectra recorded in D2O (Fig.
4A, vii). In 15N-labeled FAP samples, this band
downshifted to 1597 cm–1 (Fig. 4A, viii). Both
observations support assignment of the band
to the guanidium IR mode of an arginine side
chain. Absence of a positive counterpart of this
band after illumination is indicative of argi-
nine deprotonation in the FADRS state at 100 K
(see supplementary text S2).
To gain further insight into the role of Y466,

C432, and R451, we prepared Y466F, C432S,
R451A, and R451K mutants and performed
activity measurements and extensive structural
and spectroscopic characterization (UV-Vis ab-
sorption spectra are shown in fig. S24). Mu-
tation of Y466 to phenylalanine affected the
catalytic activity only slightly (Fig. 7A), con-
sistent with a previous report (24). The ki-
netics of both fET to FAD and bET from
FAD●–did not differmuch fromwild-type (WT)
CvFAP (fig. S25C). Furthermore, almost iden-
tical FTIR difference spectra were obtained
with WT CvFAP and the Y466F mutant (fig.

S26A). Altogether, these results suggest that
Y466 does not directly participate in any PT/
HAT or ET step in the FAP photocycle, and
its role is only briefly discussed in the sup-
plementary text S4.
Mutation of C432 to serine (a much poorer

proton and hydrogen atom donor) strongly
affected the catalytic activity (Fig. 7A), as re-
ported earlier by Heyes et al., who considered
it indicative of HAT from C432 to the alkyl
radical R● in theWT protein (24). In contrast
to these authors, we detected a low but sig-
nificant catalytic activity (~10% of WT) for the
C432S mutant. Because impairment of the
catalytic activity by a point mutation may
result from structural changes rather than
suppression of a direct function of the re-
placed residue, we examined the C432Smutant
protein in more detail. The dark-state crystal
structure of C432S was highly similar to WT
except for a new water molecule, Wat3, inter-
acting with S432 (2.7 Å) and the O1 oxygen
atom of the fatty acid carboxylate (2.5 Å),

which was rotated by ~42° (Fig. 7D). The dis-
tance of the carboxylate O2 the flavin N5
increased from 4.0 Å in WT to 5.0 Å.
The time-resolved fluorescence signal of

C432S resembled that of WT after the con-
sumption of native substrate(s); however, the
fluorescence decay was slightly (~10%) accel-
erated (Fig. 7B), indicating that the signal re-
flects mostly intrinsic 1FAD* decay [mostly
because of intersystem crossing (ISC) (4)],
with only a small contribution of competing
fET to 1FAD*. The intrinsic fET rate was ~10×
slower than 1FAD* decay in this mutant (see
supplementary text S3). Transient absorption
signals on the submillisecond time scale were
thus dominated by the triplet (fig. S25F), and
the formation of FADRS could not be resolved.
There was, however, a small (~15% of WT)
long-lived absorption change at 515 nm (where
the transient flavin red shift is most promi-
nent in the WT). About two-thirds of it de-
cayed in a few milliseconds, i.e., with similar
kinetics as FADRS inWT [see upper inset of fig.
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Fig. 7. Impact of mutations of conserved residues on CvFAP activity, 1FAD*
fluorescence decay, spectrum of cryotrapped FADRS, and active-site structure.
(A) Activities of purified recombinant mutant CvFAPs relative to WT (measured
by gas chromatography coupled with mass spectrometry for the Y466F, R451K, and
R451A mutants) in the presence of cis-vaccenic acid as substrate. Relative activity
of the C432S mutant was measured by membrane inlet mass spectrometry to avoid
activity underestimation due to low photostability of this particular mutant under
continuous illumination conditions. All activities were normalized to FAD content.
Mean ± SD is shown (n = 5 repeats). ND, not detected. (B) Normalized time-resolved

fluorescence at 560 nm of WT, C432S, and R451K CvFAP in the presence of native
substrates (and after their consumption in WT); for Y466F and R451A mutants,
see fig. S25B. (C) Light minus dark spectrum of WT and mutant C432S at 200K
obtained by cryo-UV-Vis spectroscopy and normalized on FAD content. (D) Structure
of the active site of the WT (left), C432S (middle), and R451K (right) mutants.
Distances (in angstroms) between substrate (green), FAD (yellow), water molecules
(red), and amino acid residues (white or gray) are shown. Compared with WT,
in the C432S and R451 mutants, the FA carboxylate is rotated ~50° around an axis
defined by the fatty acid atoms O2 and C2.
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S25F or figure 3D in (24)]. With these indirect
indications of FADRS formation in C432S, we
attempted to accumulate this species at a cryo-
genic temperature. Illumination of the sample
at 200 K yielded a spectrumwith similar shape
(but lower amplitude) as the FADRS spectrum
obtained with WT FAP (Fig. 7C).
When R451 was mutated to alanine, the

enzymatic activity was completely abolished
(Fig. 7A) and no fET was observed (fig. S25B);
in fact, the structure showed that the fatty
acid was oriented very differently from that
in the WT (see fig. S26D and supplementary
text S3 and S4 for details).
When R451 was replaced by lysine (which is

also positively charged), the catalytic activity
amounted to ~45% of WT (Fig. 7A). The fluo-
rescence decay (Fig. 7B) was distinctly faster
(~4.5 ns) than inWTwithout substrate (~6.5 ns),
consistent with fET occurring for ~30% of the
excited flavins. Reoxidation of FAD●– and for-
mation of FADRS was clearly resolved and
found to bemarkedly faster (~30 ns; fig. S25D)
than in WT (~100 ns; Fig. 3B, fig. S10A, and
supplementary text S3 and S4). The acceler-
ation of the (proton-coupled) bET would be
consistent with lysine being a better proton
donor than arginine (solution pKa of Lys is
10.7 versus 12.1 for Arg).
To better understand how R451 affects the

active-site architecture, we determined the
crystal structure of the R451K mutant in its

dark state at 100 K (Fig. 7D and fig. S26C).
The R451K mutant structure differed signif-
icantly from WT: Whereas a new water mol-
ecule mimicked the NH2 group of R451 and
thereby retained the interaction with the O2
oxygen atomof the fatty acid carboxylate (2.5Å),
the interaction between K451 and the fatty acid
O1 oxygen atom induced an ~54° rotation of
the carboxylate and an increase by 0.6 Å of the
distance of the fatty acid O2 to the flavin N5
compared with WT. This created space for a
new water molecule, Wat3, akin to the situa-
tion in C432S, located between the fatty acid
O1 atom (2.4 Å) and K451 (2.8 Å). The close
distance of Wat3 and C432 induced a flip of
the amino acid stretch T430 to G435, pushing
C432 out of the active site and bringing in an
additional water molecule. These large struc-
tural changes may explain the very different
FTIR spectra obtained with the R451Kmutant
compared with WT (fig. S26B).

Reaction cycle of FAP

Consistent with the strict conservation of C432
and R451 in FAP sequences, even conservative
substitutions of these residues resulted in dras-
tic reductions in catalytic activity, in both cases
by strongly reducing fET. Unexpectedly, the
R451K and C432S mutants shared significant
structuralmodificationswith respect to theWT:
the presence of a new water molecule, Wat3,
close to the fatty acid carboxylate, a rotation of

the carboxylate by~50°, a significant elongation
of the distance of the fatty acid carboxylate to
the flavin N5, as well as small changes inWat1
location. Quantum chemistry calculations
showed that in the C432S mutant, the CT
energy increased by 0.2 eV and the electronic
coupling reduced fivefold, which is consistent
with a much slower observed fET (see supple-
mentary text 6.7 and fig. S22).
These mutants provide important insights

into the molecular constraints affording FAP
activity: The active site of the WT enzyme is
arranged such as to optimize the configuration
of the fatty acid carboxylate for fET. Each car-
boxylate oxygen atom interacts with catalytic-
ally important groups (O1: Wat1, O2: R451
and Wat2) while avoiding an inactivating
bidentate interaction with R451.
Three possible routes toward alkane for-

mation in FAP were suggested by quantum
chemistry (Fig. 6C). Our experimental findings
allow assessing the suggested pathways. Path-
way I, involving a HAT mechanism to reduce
the alkyl radical, as also suggested previously
(4, 24), is chemically plausible. However, a num-
ber of experimental findings argue against it.
First, the C432S mutant retains significant
enzymatic activity, suggesting that C432 is not
essential for catalysis. Second, in the FADRS

state, only a shift of a thiol S-H vibration is
observed by FTIR but no cysteine deproto-
nation. Third, despite the fact that C432 is
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Fig. 8. Suggested CvFAP photocycle. Upon light
excitation (1), fET in ~300 ps from the fatty acid
anion to 1FAD* (observed by ultrafast fluorescence
and transient absorption spectroscopies) leads to
its quasi-instantaneous decarboxylation (2), as
observed by TR-IR and TR-SFX and supported by
the computed absence of an energy barrier. bET in
~100 ns from FAD●– (presumably to the alkyl
radical) results in formation of red-shifted (re-)
oxidized flavin FADRS; the H/D KIE suggests that bET
is coupled to and/or limited by PT. Cryotrapping
FTIR experiments suggest arginine as the final
proton donor to the alkyl (3). Concomitantly, most
CO2 (~75%) is transformed (4) to bicarbonate
as indicated by TR-IR and cryotrapping FTIR.
FADRS disappears in ~3 ms (5) with a H/D KIE > 3,
indicating coupling to PT. Upon alkane release (6),
new substrate binds (7). About 25% of the formed
CO2 is not transformed to bicarbonate, likely
because it migrates away from the active site within
100 ns, leaving the protein in ~1.5 ms (4′). In this
minor fraction, arginine (R451) should reprotonate
at latest in the ~3 ms step (5). Changes after individual
steps are marked in red; time constants are for RT.
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rotated out of the active site in the R451K
mutant, this variant is quite active. Although
it is possible that C432 rotates back into the
active site upon changes in the water structure
after CO2 cleavage, this would not explain the
threefold faster bET in R451K. Reaction path-
way I (Fig. 6C) seems unlikely, although we
cannot rule out that the C432Smutant uses a
different mechanism than the WT enzyme.
The observation of residual electron density
consistent with bicarbonate close to C432 sug-
gests that C432 may stabilize reaction products
such as CO2 and/or bicarbonate away from the
original position of the substrate carboxylate.
The other two pathways proceed through

PCET (Fig. 6C). Pathway III implies a catalytic
role of Wat2 in bicarbonate formation. This
mechanism is unlikely, as no changes were
observed for Wat2 in the electron density
maps derived by TR-SFX. By contrast, 300 ns
after photoexcitation, a significant loss of elec-
tron density of Wat1 was observed, supporting
pathway II. With the cleaved CO2 present in
the active site, as evidenced by cryocrystallog-
raphy and IR spectroscopy, Wat2 can serve as
a proton donor. The transiently deprotonated
R451 activates Wat1, resulting in bicarbonate
formation in <100 ns. This transformation of
CO2 to bicarbonate is orders of magnitude
faster than in solution [tens of seconds (38)],
indicating a strong catalytic effect.
R451’s role as transient proton donor was a

priori unexpected because proton transfers
from and to arginine residues are rare (39, 40)
due to their relatively high pKa values. In FAP,
the strong basicity of OH– formed from Wat2
by proton-coupled ET to the alkyl radical may
allow proton transfer from R451. In addition
to this catalytic function, R451 is crucial for the
FAP active-site architecture by precisely posi-
tioning and orienting the fatty acid head group
with respect to FAD and stabilizing the car-
boxylate in the catalytically active deproton-
ated form.
Fig. 8 and its legend summarize our com-

prehensive understanding of the very complex
cycle. By combining results obtained by amul-
titude of experimental techniques and compu-
tations, we provide a detailed mechanistic
description of the evolution of the reactant
(fatty acid) to the products [alka(e)ne and
CO2] and the role of the protein moiety in-
volving a proton-coupled electron-transfer
mechanism.Wedemonstrate partly unexpected
structural and dynamic properties of FAP, in-
cluding features that have not been observed in
other flavoproteins and other enzymatic reac-
tions in general. Understanding these catalytic
features is an important step in incorporating
FAP into the green chemistry toolkit.

Materials and methods summary

The FAP used in all experiments corresponds
to residues 76 to 654 of the full-length CvFAP

(or single mutants thereof obtained by site-
directed mutagenesis). WT CvFAP and CvFAP
mutants expressed in Escherichia coli and
purified were studied by x-ray crystallography
(static and TR-SFX), spectroscopy in solution
(FTIR, TR-IR on picosecond to microsecond
time scales, time-resolved fluorescence spec-
troscopy on picosecond to nanosecond time
scales, transient absorption spectroscopy on
nanosecond to millisecond time scales, and
ultrafast visible absorption and fluorescence
spectroscopy) and spectroscopy on single crys-
tals (UV-Vis and Raman). Activity assays were
based on quantification of hydrocarbons formed
(by gas chromatography coupled tomass spec-
trometry) or CO2 released (by membrane inlet
mass spectrometry). Computational studies in-
volved molecular dynamics simulations and
quantum chemistry calculations on CvFAP
and multiple alignments of GMC oxidore-
ductase protein sequences. Detailed materials
and methods are available in the supplemen-
tary materials.
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